ORIGINAL RESEARCH ARTICLE
published: 11 September 2014
doi: 10.3389/fphys.2014.00344

Simultaneous mapping of membrane voltage and calcium
in zebrafish heart in vivo reveals chamber-specific
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The cardiac action potential (AP) and the consequent cytosolic Ca2+ transient are key
indicators of cardiac function. Natural developmental processes, as well as many drugs
and pathologies change the waveform, propagation, or variability (between cells or over
time) of these parameters. Here we apply a genetically encoded dual-function calcium and
voltage reporter (CaViar) to study the development of the zebrafish heart in vivo between
1.5 and 4 days post fertilization (dpf). We developed a high-sensitivity spinning disk
confocal microscope and associated software for simultaneous three-dimensional optical
mapping of voltage and calcium. We produced a transgenic zebrafish line expressing
CaViar under control of the heart-specific cmlc2 promoter, and applied ion channel blockers
at a series of developmental stages to map the maturation of the action potential in vivo.
Early in development, the AP initiated via a calcium current through L-type calcium
channels. Between 90 and 102 h post fertilization (hpf), the ventricular AP switched to a
sodium-driven upswing, while the atrial AP remained calcium driven. In the adult zebrafish
heart, a sodium current drives the AP in both the atrium and ventricle. Simultaneous
voltage and calcium imaging with genetically encoded reporters provides a new approach
for monitoring cardiac development, and the effects of drugs on cardiac function.
Keywords: voltage imaging, cardiac development

INTRODUCTION
The cardiac action potential (AP) arises through the interaction
of a large number of membrane proteins, and thus is an essential
indicator of cardiac function. The action potential depolarization causes voltage-gated Ca2+ channels to open. The inward
flow of Ca2+ then initiates calcium-induced calcium release from
the sarcoplasmic reticulum. The rapid spike in cytosolic Ca2+
causes muscular contraction. Improved understanding of cardiac physiology and development (Panáková et al., 2010) requires
new approaches to measure the relation of electrical and calcium
dynamics, with wide dynamic range in space and time, and capability for long-term measurements in vivo (Kaestner and Lipp,
2011; Mandel et al., 2012).
Voltage-sensitive dyes (VSDs) have been used to study AP
waveforms from excised animal hearts since the 1970’s (Salama
and Morad, 1976; Entcheva and Bien, 2006; Panáková et al.,
2010). However, due to dye-mediated phototoxicity, optical
recordings with VSDs typically do not extend beyond 1 min, and
preparations are not stable for repeated imaging. Dye-mediated
phototoxicity is most acute for high-magnification single-cell
imaging, due to the high illumination intensity needed to produce
sufficient fluorescence signal from a small field of view. The difficulty of targeting dyes to specific cell types presents a challenge
for cellular-resolution voltage imaging in vivo.

www.frontiersin.org

Zebrafish are a promising model for cardiac development
on account of their small size, genetic tractability, and transparency (Milan et al., 2003, 2009). For measurements in vivo,
genetically encoded reporters are preferred due to reduced toxicity and the ability to target specific cell types (Tsutsui et al.,
2008). Voltage imaging with a genetically encoded voltage indicator (GEVI) in zebrafish hearts was first performed with a
FRET-based sensor, called Mermaid (Tsutsui et al., 2010), which
reported action potentials with a 2.3% change in ratio of donor
to acceptor fluorescence. The step response of Mermaid shows
complex temperature-and voltage-dependent multi-exponential
kinetics with time constants ranging from ∼10 to 600 ms. Because
of its small voltage response and low speed, Mermaid imaging was
not able to resolve details of the AP waveform. The blue/green
spectra of the Mermaid FRET pair also precluded imaging in
combination with any genetically encoded Ca2+ sensor.
Calcium imaging in zebrafish hearts has been performed using
Ca2+ -sensitive dyes (Sehnert et al., 2002; Milan et al., 2006) and
genetically encoded indicators based on the GCaMP scaffold (Chi
et al., 2008). However, spectral overlap of GCaMP reporters with
previously used voltage reporters has prevented simultaneous
optical measurement of voltage and calcium in vivo. Furthermore,
previously used genetically encoded voltage indicators lacked
the temporal resolution to differentiate chamber-specific action
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potential waveforms. Simultaneous optical recording of voltage
and Ca2+ waveforms can provide insights into cardiac development not attainable from either modality alone.
The far-red spectrum of rhodopsin-based voltage indicators
(Kralj et al., 2011, 2012) enables combined application with
GFP-based reporters of calcium and, in principle, other analytes.
Archaerhodopsin 3 (Arch) (Chow et al., 2010), from the Dead
Sea microorganism Halorubrum sodomense, has a rapid voltage
response (∼0.5 ms), but generates a small hyperpolarizing photocurrent during imaging. The mutant Arch(D95N) does not
perturb membrane potential and shows mixed kinetics at room
temperature with ∼20% response in ∼1 ms and the remaining
response in ∼40 ms. Newer Arch-based voltage indicators, called
QuasArs, show improved speed, sensitivity, and brightness, with
no photocurrent (Hochbaum et al., 2014) but these have not yet
been put into transgenic zebrafish. Arch-based voltage indicators are 50–100-fold dimmer than GFP-based variants, so these
reporters require specialized optical instrumentation to achieve
high-speed and high-sensitivity imaging.
Here we introduce a dual-function Ca2+ and voltage reporter,
CaViar, based upon a fusion of GCaMP5G to Arch(D95N).
In combination with custom imaging hardware and software,
we used CaViar to simultaneously map AP propagation and
Ca2+ dynamics in the embryonic zebrafish heart. We identified a chamber-specific transition during development from a
Ca2+ -dominated AP upstroke to a Na+ -dominated AP upstroke.
This transition occurred first in the ventricle, and later in the
atrium. Distinct effects of drugs in the atrium and ventricle of
the zebrafish heart highlight the importance of measurements in
well-defined cellular subtypes in vivo.

MATERIALS AND METHODS
MOLECULAR CLONING

For expression of CaViar in HEK293 cells, we constructed plasmid
pJMK019 comprising Arch(D95N)-GCaMP5G in a pLenti-CMVPuro backbone. The pLenti-CMV-Puro backbone (Addgene
17448) was cut with BamHI and SalI restriction enzymes and
isolated by gel purification. Arch(D95N) was amplified from
pJMK004 (Addgene 34616) using:
Forward
5 -CCATAGAAGACACCGACTCTAGAGATGGA
CCCCATCGCTCTG-3 and Reverse 5 -TGTCGGCCTTGATATA
GACGTTACCGGTCGGTCGGC-3 .
GCaMP5G was amplified from pCMV-GCaMP5G (AddGene
31788) using:
Forward 5 -GCCGACCGACCGGTAACGTCTATATCAAGGCCG
ACA-3 and Reverse 5 -AATTTTGTAATCCAGAGGTTGATTGT
TACTTCGCTGTCATCATTTG-3 .
Arch(D95N) and GCaMP5G were joined by a 15 amino acid
linker, consisting of TGSGASGSHHHHHHG. Shorter linkers
appeared to disrupt the function of the GCaMP, but with this
linker, the two proteins behaved as in isolation. The backbone and
two genes were joined via isothermal ligation (Gibson et al., 2009)
for 1 h at 50◦ C. Proper insertion was checked by sequencing.
For expression in zebrafish, Arch(D95N)-GCaMP5G was
amplified by PCR from pJMK019 and cloned into the Spe1 site of
a Gateway (Life Technology) destination vector, which contained
Tol2 transposase recognition sequences. The cmlc2 promoter
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sequence was amplified and BP-cloned into a compatible entry
vector. The resulting entry and destination clones were then
LR-reacted to make cmlc2:Arch(D95N)-GCaMP5G expression
vectors.
HIGH-SENSITIVITY SPINNING DISK CONFOCAL IMAGING

Confocal images were acquired on a modified Yokogawa CSUX1 spinning disk unit attached to an Olympus IX71 inverted
base. We found that the as-delivered spinning disk unit lacked
sufficient sensitivity to image dim Arch(D95N) fluorescence in
zebrafish heart. We made two critical modifications to maximize
illumination intensity at the sample and to minimize background
autofluorescence.
Traditionally, illumination is coupled into the CSU-X1 via a
single-mode fiber, whose output is expanded to overfill an internal field aperture to produce uniform illumination across the field
of view. Between coupling losses from the single-mode fiber and
from the overfilling the internal field aperture, excitation path
optical throughput was 1–2%. Furthermore, uniform illumination of the whole field of view caused the illumination intensity at
the zebrafish heart (which only filled ∼20% of the field of view)
to be too low, given the available laser power. We sought a means
to increase the illumination intensity on the relevant region of the
sample.
We removed the last turning mirror before the microlens array
of the CSU-X1 and directly coupled the excitation beams (wavelengths 488 and 635 nm) onto the microlens array. With this
modification, 10–20% of the laser power reached the sample, a
10-fold increase over the optical fiber-based coupling method.
This modification allowed user control over the size and profile of the illumination. By focusing the beam on a sub-region
of the field of view a user could achieve significantly enhanced
illumination intensity, at the cost of uniformity of illumination.
Non-uniform illumination is a minor concern for samples that
only occupy a fraction of the field of view; and furthermore
is readily corrected computationally by performing a flat-field
correction with an image acquired on a uniform dye sample.
In the presence of higher illumination intensity than is
encountered under standard operating conditions, we observed
a background autofluorescence signal that overwhelmed the dim
sample fluorescence. Inserting a beam block between the CSU-X1
spinning disk unit and the microscope body did not reduce this
autofluorescence, implying that the autofluorescence originated
within the spinning disk unit. The spatial pattern of the autofluorescence indicated that it originated from an optical element
oriented at 45◦ relative to the optical axis. The internal CSU-X1
dichroic mirror was the only optical element with this orientation (Figure 1A). This autofluorescence interfered with imaging
of very dim samples such as Arch(D95N). All dichroic mirrors
tested produced some autofluorescence. This problem is more
severe in spinning disk confocal microscopy than in standard
epifluorescence microscopy because in spinning disk the high
intensity excitation beam interacts with the bulk of the short-pass
dichroic substrate, while in conventional epifluorescence the high
intensity excitation beam reflects off the front surface of the longpass dichroic and only the dim fluorescence of the sample passes
through the bulk.
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FIGURE 1 | Modified spinning disk confocal microscope for
high-sensitivity imaging. (A) Internal optics of the spinning disk unit. The
pinhole array and the microlens array are mounted co-axially on a shaft that
rotates both at a high speed (typically 10,000 rpm). The excitation light (blue)
passes through the short-pass dichroic, from which it elicits undesirable
autofluorescence (pink). Fluorescence returning from the sample (red)
emerges with a narrower cone-angle than autofluorescence of the dichroic.

We took advantage of the differing angular distributions of
the dichroic autofluorescence and the sample fluorescence to
block most of the former while passing the latter (Figure 1B).
Traditionally, the camera resides at P1, an image plane just outside the spinning disk unit. The numerical aperture of the sample
fluorescence at P1 is given by:
NAsamp = NAobj /M,
where NAobj is the numerical aperture of the objective and M
is the magnification. The numerical aperture of the autofluorescence at P1 is:
NAauto = D0 /2f0 ,
where D0 is the diameter and f0 is the focal length of the last lens
inside the spinning disk unit, assuming that this lens provides the
limiting aperture on dichroic autofluorescence.
We placed a lens L1 with focal length f1 , focused on P1.
This lens collimated the rays emerging from each pinhole in the
spinning disk into a bundle of diameter:
D1 = 2f1 NAobj /M.
At plane P2, a distance f1 away from L1, these bundles of rays
crossed. An aperture of diameter D1 placed in plane P2 passed
the light from the pinholes. The autofluorescence of the dichroic
was not focused at plane P2 and thus was largely blocked by the
aperture. A lens L2 focused on P2 formed an image at P3, where
a camera was placed.
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(B) Spatial filter for blocking internally generated autofluorescence. The
aperture at plane P2 is configured to block most autofluorescence while
passing most sample fluorescence. (C) Image of HEK cells expressing
Arch(D95N) (λexc = 594 nm, λem > 655 nm) as imaged without the spatial
filter (left), or with the spatial filter (right). Scale bar 20 μm. (D) Line-profiles
through the indicated sections of images in (C), showing the higher
background without the spatial filter (blue) than with the spatial filter (green).

IMAGING CONDITIONS

Samples were illuminated by solid state lasers at 488 nm
(Coherent Obis, 50 mW) with intensity 0.45 W/cm2 and at
635 nm (Dragon laser, 300 mW) with intensity 40 W/cm2 . A custom dichroic (Chroma Technology, optimized for 488/640 illumination) within the CSU-X1 unit passed the excitation beams
and reflected the sample fluorescence. Imaging was performed
with a 20x water-immersion objective with coverslip correction (Zeiss Plan-Apochromat NA 1.0). Emission fluorescence
passed through a quad-band emission filter (Chroma NC264505ZET405/488/532/642m) and then passed through the spatial filter
apparatus described above. A home-built dual-view imaging system projected emission of wavelengths <540 nm and >640 nm
onto adjacent halves of an EMCCD camera (Andor iXon X3,
512 × 512 pixels). Exposure times ranged from 8 to 50 ms. A
piezoelectric objective scanner (PIFOC PD72Z4CA0) set the zposition of the focus. A custom LabView (National Instruments)
script controlled illumination, the objective scanner, and the
camera for automated data acquisition.
HEK293 CELL CULTURE

HEK293T cells were cultured and transfected as previously
described in Maclaurin et al. (2013).
ELECTROPHYSIOLOGY

Filamented glass micropipettes (WPI) were pulled to a tip resistance of 3–10] M, fire polished, and filled with internal solution
(containing, in mM: 125 potassium gluconate, 8 NaCl, 0.6 MgCl2 ,
0.1 CaCl2 , 1 EGTA, 10 HEPES, 4 Mg-ATP, 0.4 Na-GTP; pH 7.3;
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adjusted to 295 mOsm with sucrose). The micropipettes were
positioned with a Burleigh PCS 5000 micromanipulator. Wholecell voltage clamp recordings were acquired using an AxoPatch
200B amplifier (Molecular Devices), filtered at 2 kHz with the
internal Bessel filter, and digitized with a National Instruments
PCIE-6323 acquisition board at 10 kHz. Ambient 60 Hz noise was
removed by digital filtering during post processing.
ZEBRAFISH BREEDING

All experiments were conducted in accordance with Harvard
IACUC protocols. Adult zebrafish (strain AB) were raised and
bred at 28.5◦ C according to standard methods. Single-cell
embryos were injected with a mixture of cmlc2:Arch(D95N)GCaMP5G and Tol2 mRNA, each at a concentration of 30 ng/μL,
and raised to adulthood. Potential founders were crossed with
wild-type fish. Founders were identified by screening progeny for
cardiac GCaMP5G fluorescence. F1 embryos were used for all
imaging experiments.
IMAGING OF ZEBRAFISH HEARTS

Embryos were reared in E3 medium (5 mM NaCl, 0.17 mM KCl,
0.33 mM CaCl2 , 0.33 mM MgSO4 ) containing 0.003% 1-phenyl2-thiourea to prevent melanization. Embryos were manually
dechorionated and mounted in 2% low melting point agar dorsalside down (40 hpf or before) or ventral-side down (after 40 hpf)
on #1 glass coverslips. Heart contraction was arrested by incubating the mounted embryos in 50 μM blebbistatin for 2 h prior to
imaging.
A 4 mM stock of all-trans retinaldehyde was made in 33%
propylene glycol and 45% (2-hydroxypropyl)-B-cyclodextrin
solution. For imaging fish before 48 hpf, larvae were soaked in
a 1:1000 dilution of this stock in E3 for 9–12 h prior to imaging.
After 48 hpf, fish produced sufficient endogenous retinaldehyde
to saturate the binding pocket in Arch(D95N), and so no exogenous retinaldehyde was added.
For the pharmacological experiments, 1000x stocks of nifedipine (10 mM) and quinidine (10 and 200 mM) were made in
DMSO. The stocks were mixed at a 1:1000 dilution into E3
buffer containing 50 μM blebbistatin to inhibit contraction. The
agarose-mounted embryos were soaked in the resulting drugE3 solution or vehicle control solution (0.1% DMSO, 50 μM
blebbistatin in E3) for 5 h at 28.5◦ C prior to imaging.
ACQUISITION OF THREE-DIMENSIONAL DATA SETS

For the three-dimensional reconstruction of the zebrafish heart,
pairs of consecutive z-focal planes, separated by 5 μm, were
recorded within a single movie, with typically ∼10 beats recorded
in each z-plane. Timing differences between successive focal
planes were calculated from the phase shift of the action potential
waveform between the first and second halves of each movie. Blue
illumination was found to inactivate blebbistatin, so for movies
of GCaMP5G fluorescence, fish were kept in the dark for 7 min.
between movies to allow blebbistatin to reperfuse the heart. Maps
of action potential propagation within each z-plane were constructed via temporal registration and averaging of recordings of
10 beats. Data from all z-planes was combined to create a 4-D (x,
y, z, t) movie of AP propagation. The boundary of each z-plane
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was segmented and used in the Matlab software package iso2mesh
(Fang and Boas, 2009) for volumetric rendering of the zebrafish
heart. A modified version of this software enabled color to reflect
the voltage values derived from the fluorescence data.

RESULTS AND DISCUSSION
HIGH SENSITIVITY IMAGING WITH A MODIFIED SPINNING DISK
CONFOCAL MICROSCOPE

Spinning disk confocal fluorescence images of Arch(D95N) fluorescence in human embryonic kidney (HEK) cells were contaminated by significant background autofluorescence produced
by the dichroic mirror (Figure 1C). Insertion of the spatial filter
apparatus of Figure 1B into the imaging path decreased background autofluorescence 3.7-fold, with only 1.25-fold decrease in
sample fluorescence (Figures 1C,D). This setup was essential for
ultrasensitive three-dimensional fluorescence imaging.
CHARACTERIZATION OF CaViar IN HEK CELLS

The combined Ca2+ and voltage indicator (CaViar) comprised
a fusion, Arch(D95N)-GCaMP5G (Figure 2A). To avoid spectral crosstalk, the dual-function indicator made use of the
non-overlapping spectra of Arch(D95N) (exc. 594–640 nm, em.
710 nm) and GCaMP5G (exc. 488 nm, em. 510 nm) (Akerboom
et al., 2012). We simultaneously monitored the fluorescence
of Arch(D95N) and GCaMP5G in HEK cells as a function of
steady state membrane voltage (Figure 2B). The fluorescence of
Arch(D95N) increased roughly linearly with membrane voltage
between −150 and +150 mV, with no detectable crosstalk of voltage into the GCaMP5G channel. We tested the response of the
indicators to an increase in [Ca2+ ] (Figure 2C). Intact HEK cells
expressing CaViar were permeabilized to Ca2+ with ionomycin,
gradually raising internal [Ca2+ ] to 1.8 mM. Fluorescence of
GCaMP5G increased by 225%, while fluorescence of Arch(D95N)
did not undergo a detectable change. The excitation and emission spectra of the two indicators did not overlap (Figure 2D),
enabling independent optical measurements of each. We found
that the 15 amino acid linker was necessary to avoid interactions
between the chromophores in Arch(D95N) and GCaMP5G. In
constructs where a fluorescent protein and Arch derivative are
fused in closer proximity, non-radiative energy transfer from the
fluorescent protein to the Arch can lead to voltage-dependent
modulation of the fluorescence of the fluorescent protein (Zou
et al., 2014). Figures 2B,C show no such optical crosstalk with the
long linkers used here. Thus, each indicator reported its intended
modality without crosstalk from the other modality.
SIMULTANEOUS Ca2+ AND VOLTAGE IMAGING IN ZEBRAFISH HEARTS

We used CaViar to map simultaneous Ca2+ and voltage propagation in the embryonic zebrafish heart as a function of developmental stage. High magnification confocal images of zebrafish
hearts expressing the indicators showed good localization to
the plasma membrane, and very little intracellular fluorescence
(Figure 2E). We generated a transgenic zebrafish line expressing CaViar under control of the cmlc2 promoter (Figure 3A,
Supplementary Movie 1). Fish developed normally and beginning at 24 h post fertilization (hpf) fish showed cardiac-localized
fluorescence in both the GCaMP5G and Arch(D95N) channels.
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FIGURE 2 | CaViar reporter for simultaneous measurement of voltage
and Ca2+ . (A) Structure of CaViar: a fusion of the far-red voltage
indicator Arch(D95N) with a blue/green calcium indicator (GCaMP5G). (B)
Fluorescence response of CaViar to variations in membrane voltage in
HEK cells. (C) Temporal response of CaViar to ionomycin which
gradually raised the intracellular calcium concentration from ∼100 nM to
1.8 mM. In (B,C), the red trace indicates fluorescence of Arch(D95N),
and the blue trace indicates fluorescence of GCaMP5G. (D) Spectral
properties of GCaMP5G (courtesy of Douglas Kim, Janelia Farm) and
Arch(D95N). The excitation and emission spectra of Arch(D95N) were

measured in an epifluorescence microscope with laser excitation and an
imaging spectrometer. The wavelength range of the excitation spectra
of Arch(D95N) was limited by available laser lines. The blue (488 nm)
light used to excite GCaMP5G induced negligible spurious excitation of
Arch(D95N), a consequence of the vastly higher illumination intensity
needed to excite Arch(D95N) than to excite GCaMP5G. In Arch(D95N),
the voltage-sensitivity spectrum (dF/dV) is slightly red-shifted relative to
the fluorescence excitation spectrum. (E) Optical section of zebrafish
heart expressing CaViar, showing localization of the reporter to cell
membranes.

FIGURE 3 | Mapping simultaneous Vm and Ca2+ in the zebrafish
heart in vivo. (A) Fluorescence of GCaMP5G in a fish expressing
CaViar under the cmlc2 promoter (Supplementary Movie 1). (B) Single
optical section of a zebrafish heart expressing CaViar at 4 dpf
(Supplementary Movie 2). Cell membranes fluoresced in both the
voltage channel (top) and the Ca2+ channel (bottom) as the AP

propagated from the atrium to the ventricle. (C) Map of AP isochrones
overlaid on a three-dimensional reconstruction of the heart. AP onsets
were measured as time to reach 5% of maximum on the rising edge,
with sub-frame timing achieved through spline interpolation. (D)
Three-dimensional reconstruction of the electrical AP (Supplementary
Movie 3). Scale bars in (A–D) 50 μm.
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At 36 hpf, contractions were visible in the developing heart tube
and voltage and Ca2+ waveforms could be recorded from the
atrium and ventricle using the modified spinning disk confocal
microscope. For fish younger than 48 hpf, supplemental retinaldehyde was added prior to imaging to increase fluorescence
of Arch(D95N) (see Materials and Methods). Fish treated with
supplemental retinaldehyde could be released from the agar and
developed normally. After 48 hpf, endogenously produced retinaldehyde was sufficient to saturate the Arch(D95N) binding sites
and no supplemental retinaldehyde was added.
We recorded dual-channel fluorescence movies of optical sections of the heart in a fish at 102 hpf. For quantitative measurements, fish were soaked in blebbistatin (10 μM) prior to imaging
to eliminate contraction and associated motion artifacts. Due
to passive diffusion of oxygen through the tissues, zebrafish do
not require a contracting heart to survive the first few days of
embryonic development (Bakkers, 2011). Flashes of fluorescence
occurred in synchrony with the heartbeat, with near infrared fluorescence emission indicating membrane voltage (Vm ) and green
fluorescence emission indicating [Ca2+ ] (Supplementary Movie
2). Action potentials waveforms were clearly resolved, with an
average Arch(D95N) F/F of ∼70% and GCaMP5 F/F of 35%.
Some patches in the ventricle reported an Arch(D95N) F/F as
high as 110%. The fluorescence responses of Arch(D95N) and
GCaMP5 in the atrium averaged ∼45 and 55%, respectively.
Values of F/F are heavily influenced by the position and orientation of the fish, and by uncontrolled sources of background
autofluorescence. Thus, these values do not translate directly into
changes in voltage. Our analysis below focuses on action potential
waveforms and drug-induced changes in signal amplitude, both
of which are robust to these sources of variation.
With blebbistatin, it was possible to observe the propagation
of voltage and Ca2+ waves across a single plane of the heart
(Figure 3B). We generated a three-dimensional reconstruction

FIGURE 4 | Voltage and calcium transients of the atrium and ventricle in
an embryonic zebrafish heart during development. Top: Fluorescence
images of zebrafish hearts expressing CaViar showed transition of the heart
tube into two chambers. Scale bars 50 μm. Bottom: Dual-wavelength
imaging of CaViar reported voltage (red), and calcium (blue) transients in the
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of voltage propagation (Figures 3C,D, Supplementary Movie 3)
which clearly showed the AP originating in the atrium, spreading slowly across the atrioventricular (AV) canal, and rapidly
spanning the ventricle.
Fish were maintained on the microscope for up to 6 h without
apparent damage. After imaging sessions, fish were released from
the agarose and allowed to recover in E3 medium. Voltage and
calcium imaging the following day showed normal mechanical,
electrical, and calcium heart function, indicating that treatments
with blebbistatin and retinaldehyde were fully reversible, and that
mounting and imaging caused no apparent damage to fish health.
PROBING ZEBRAFISH CARDIAC MATURATION VIA PHARMACOLOGY

We charted the spatial and temporal development of the voltage and Ca2+ patterns at 36, 54, and 102 hpf, using new fish at
each time point (Figure 4). The heart showed distinct atrial and
ventricular AP waveforms as early as 36 hpf (Figure 4A), though
the wave propagation was peristaltic with neither a clear electrical
nor morphological boundary between the chambers (Tu and Chi,
2012). The electrical APs recorded optically in vivo were similar
to previous reports of patch clamp measurements on explanted
hearts (Chi et al., 2008; Nemtsas et al., 2010). The Ca2+ dynamics
also varied markedly along the heart tube, with a faster rise and
slower decay in the atrium than in the ventricle (Figure 4B), consistent with earlier reports (Chi et al., 2008). By 54 hpf, the delay
in electrical propagation at the AV canal was clearly visible, and
by 102 hpf the APs in the atrium and ventricle occurred as two
clearly resolved beats (Figure 4C).
It was previously shown that in the adult zebrafish heart, the
AP is dominated by a Na+ current in both chambers and that an
L-type calcium channel blocker, nifedipine, does not block the
AP (Nemtsas et al., 2010). We asked whether this was true in
embryonic zebrafish as well. We examined the effects of nifedipine
(10 μM), and a sodium channel blocker, quinidine (10–200 μM),

atrium (lighter shade) and ventricle (darker shade) at (A) 36 hpf, (B) 54 hpf, (C)
102 hpf. At 36 hpf, low expression of Arch(D95N) led to higher noise than at
other time-points. Blue illumination intensity was minimized at all time-points
to minimize photo-inactivation of blebbistatin. This occasionally led to
increased noise in the GCaMP5G fluorescence (e.g., at 102 hpf).
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on voltage and Ca2+ dynamics. New fish were used at each time
point. Figure 5 contains representative traces showing the effect
of the drugs on the voltage and Ca2+ dynamics, in the atrium
and the ventricle, at 90–102 hpf. In all figures showing pharmacological perturbations (Figures 5–7), the amplitude of each voltage
and calcium trace is scaled relative to its value in the heart prior to

Calcium and voltage imaging in zebrafish

addition of the drug. Thus, the vertical scale represents fractional
change in amplitude relative to the untreated heart.
Remarkably, the ventricle and atrium showed strongly divergent responses to nifedipine (Figure 5A). As anticipated for a
Ca2+ channel blocker, nifedipine largely eliminated the Ca2+ signal in both chambers. The residual Ca2+ transient in the ventricle

FIGURE 5 | Differential effects of nifedipine and quinidine on atrial and
ventricular chambers at 90–102 hpf. (A) Nifedipine, an L-type calcium
channel blocker, largely suppressed calcium transients in both chambers, but
only suppressed atrial voltage. (B) Quinidine, a blocker of the fast inward

sodium current, largely suppressed voltage and calcium transients in the
ventricle, but did not affect either transient in the atrium. (C) Quinidine
sometimes showed partial suppression of ventricular activity, leading to an
atrial-ventricular block.

FIGURE 6 | Differential effects of nifedipine on atrial and ventricular
chambers during development. (A) At 54 hpf, nifedipine reversibly
suppressed voltage and Ca2+ dynamics in both chambers, while (B) quinidine
had no effect. (C) Mean amplitude of the beats in the indicated modality
(voltage or Ca2+ ) in the presence of nifedipine, normalized by mean

amplitude in the presence of 0.1% DMSO (vehicle control). At 36 and 54 hpf,
voltage and Ca2+ dynamics were suppressed by nifedipine in both atrium and
ventricle. By 102 hpf, calcium activity was still largely suppressed by
nifedipine, while voltage dynamics were only partially suppressed, more so in
the atrium than in the ventricle. ∗∗∗ p = 8.9 × 10−5 .
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was suppressed entirely by nifedipine, the ventricular cells showed
a significantly slowed beat rate (mean 104 bpm before drug vs.
mean 70 bpm after drug, n = 4 fish) and a diastolic depolarization (Figure 7). Thus, by 4 dpf, the zebrafish ventricle is capable
of autonomous pacing, while at earlier times it is not.

DISCUSSION

FIGURE 7 | Appearance of a ventricular funny current, If , after
nifedipine treatment. Top: Before nifedipine, ventricular voltage
decreased during phase 4 of the AP. Bottom: After nifedipine ventricular
voltage slightly increased during phase 4, indicating a transition to
ventricular pacing.

may be due to incomplete block of the ventricular L-type Ca2+
channels, or due to an additional Ca2+ -transport pathway. The
NCX Na+ /Ca2+ exchanger is electrogenic (it imports three Na+
for every Ca2+ that it exports) and thus Ca2+ export can be
slowed or even reversed at depolarizing voltages (Cohen and
Venkatachalam, 2014). Presently available data do not distinguish these possible explanations for residual Ca2+ dynamics.
Surprisingly, nifedipine eliminated the electrical AP in the atrium,
but not the ventricle. In contrast, in some instances quinidine
blocked the electrical AP in the ventricle, but not the atrium
(Figure 5B). When quinidine blocked the electrical AP, it also
blocked the Ca2+ signal. In other instances quinidine induced a
1:3 AV block (Figure 5C).
At earlier times in development (54 hpf), nifedipine largely
suppressed the electrical APs in both chambers (Figure 6A). This
suppression was not due to fish death, because upon wash-out
of nifedipine the heart re-started. At 54 hpf, quinidine had no
observable effect (Figure 6B).
Figure 6C shows summary statistics for the effects of nifedipine at three times in development. At all developmental stages,
nifedipine largely suppressed Ca2+ transients in both chambers.
At 36 and 54 hpf, nifedipine largely suppressed the electrical AP
in both chambers as well. However, at 102 hpf, the mean ventricular AP retained 75% of its initial amplitude after addition
of nifedipine (range 50–112%; n = 17 fish). In contrast, nifedipine eliminated the atrial AP in 4 of 17 fish (<20% of initial
amplitude), and partially suppressed the atrial AP (35–80% of
initial amplitude) in the remainder fish. The differential effect of
nifedipine on AP amplitude in the two chambers was pronounced
(p = 8.9 × 10−5 ).
Prior to drug addition, none of the ventricular waveforms
showed a depolarizing “funny current” during diastole, consistent with a non-ventricular pacemaker. In fish where the atrial AP
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A variety of techniques have been developed for threedimensional imaging in intact tissue. Two-photon fluorescence
imaging has been particularly effective in Ca2+ imaging in brain
slice and in tissue (Chen et al., 2013), although the limited speed
of scanning systems prevents imaging of large fields of view
with high frame rates. Selective plane illumination microscopies
(SPIM) have been highly effective for imaging in zebrafish heart
(Huisken et al., 2004; Arrenberg et al., 2010; Weber and Huisken,
2011) and brain (Ahrens et al., 2013). A key merit of the lightsheet technique is that it minimizes optical exposure of sample
planes above and below the focus, thereby minimizing photobleaching and phototoxicity. Spinning disk confocal and light
sheet techniques have similar time resolution, ultimately limited
either by shot noise or by the frame rate of the camera. While
the data presented in this report was acquired at exposure times
of 8 ms or longer, we found that the imaging system could run
at down to 2 ms/frame with adequate signal levels. The spinning
disk technique has the merit of only requiring optical access to the
sample from one direction. While access from two directions is
not a constraint for zebrafish, unidirectional optical access is convenient for imaging brain slices or larger tissue samples. Future
work will focus on development of improved software tools for
quantifying fluorescence dynamics in a moving tissue so that
blebbistatin is not needed.
Voltage imaging with Arch(D95N) remains technically challenging, principally due to the very dim fluorescence of this
construct. Recently, several dramatically improved GEVIs have
shown promise for voltage imaging in vivo. The zebrafish heart
is a natural initial target due to its optical accessibility and comparatively slow dynamics relative to neural firing. The GFP-based
ASAP1 reporter (St-Pierre et al., 2014) reports membrane voltage
with a sensitivity of F/F = −30% per 100 mV and a response
time of 2–3 ms at room temperature. ArcLight (Jin et al., 2012),
also based on GFP, has similar sensitivity, but has a complex
multi-exponential response with a half-response time of ∼100 ms
at room temperature. Both ASAP1 and ArcLight show nonlinear relations of fluorescence to voltage, with greatest sensitivity
near −70 mV.
A recently developed mutant of Arch, termed QuasAr2, has a
sensitivity of 90% F/F per 100 mV and a 1 ms response time at
room temperature. A related GEVI, QuasAr1, has a sensitivity of
32% per 100 mV and a response time of <50 μs at room temperature (Hochbaum et al., 2014). These new rhodopsin-based
GEVIs are much brighter than the first generation of Arch-based
reporters, including Arch(D95N), but remain 30–80-fold dimmer
than the GFP-based GEVIs. However, the Arch-based GEVIs show
greatly enhanced photostability, and at the red wavelengths used
for imaging Arch and its variants, there is significantly less background autofluorescence and less phototoxicity than at the blue
wavelengths used for imaging GFP. In a side-by-side comparison
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of QuasAr2 with ArcLight, QuasAr2 reported neuronal action
potentials with higher signal-to-noise ratio, in vitro and in vivo
(Hochbaum et al., 2014).
Recent efforts have sought to improve the brightness of
rhodopsin-based GEVIs by appending a fluorescent protein
fusion, whose fluorescence is selectively quenched by the
rhodopsin in a voltage-dependent manner, a phenomenon
termed electrochromic FRET (eFRET) (Gong et al., 2014; Zou
et al., 2014). To-date the eFRET-based GEVIs have not reached
the level of speed, sensitivity, or signal-to-noise ratio found in
direct QuasAr fluorescence. All of the GEVIs described above have
been tested in rodent brain slice and have shown promise for
in vivo voltage imaging. Only the rhodopsin-based GEVIs have a
sufficiently far-red excitation spectrum to be paired in a crosstalkfree manner with GFP-based reporters of Ca2+ and other
modalities.
Ca2+ indicators with improved sensitivity and kinetics
(GCaMP6f) have also recently been reported (Chen et al., 2013).
These improved indicators open the possibility to make transgenic fish, mouse, and iPSC lines stably expressing multi-function
reporters. The Ca2+ reporter used here, could readily be replaced
by any other GFP-based genetically encoded reporter. Such tools
exist to probe pH, calcium, ATP, NADH, cAMP, glutamate, reactive oxygen species, several redox potentials, activity of kinases
and phosphatases, and many other modalities (Hung et al., 2011;
Mehta and Zhang, 2011; Depry et al., 2013; Tantama et al., 2013).
Through simultaneous voltage- and Ca2+ imaging and pharmacological perturbations, we established that an inward Ca2+
flux is required to trigger electrical action potentials in the
immature zebrafish heart (<3 dpf). Blockage of the L-type Ca2+
channel with nifedipine suppressed voltage and Ca2+ dynamics
in both chambers. This result contrasts starkly with the adult
zebrafish (and human) heart, where a Na+ current regulates the
upstroke of the action potential. In the adult heart, nifedipine
does not suppress electrical activity.
Thus, there must be a transitional phase from immature Ca2+ regulated activity (Figure 8A) to mature Na+ -regulated activity
(Figure 8C). We showed that this transition occurs differentially
in the two chambers: in the ventricle around 3 dpf and in the
atrium around 4 dpf (Figure 8B). Partial suppression of the AP
by quinidine in the ventricle, but not the atrium, at 90–102 hpf
confirms the transition to a Na+ -dominated AP upstroke.
Detection of this transition required simultaneous observation
of the voltage and Ca2+ dynamics in the intact heart. Our results
further highlight the importance of working with cardiomyocytes
of well-defined subtype and developmental stage for cardiac drug
testing—these parameters can have significant effects on drug
responses.
The ability to measure voltage and Ca2+ simultaneously in vivo
in the developing zebrafish heart opens the possibility to study the
effects of genetic and pharmacological perturbations on development, on excitation-contraction coupling, and on Ca2+ handling. Studies on voltage and Ca2+ imaging during zebrafish
cardiac regeneration would reveal the nature of electrical coupling to cells undergoing transdifferentiation (Zhang et al., 2013).
Comparisons of voltage and Ca2+ dynamics with and without
contraction (modulated via blebbistatin or silent heart mutation)
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FIGURE 8 | Maturation of cardiac action potential occurs in a
chamber-specific manner. Model of ionic currents responsible for AP
upstroke at different times in development. (A) At times <60 hpf, Ca2+
initiates the action potential in both chambers. (B) At an intermediate times
(90–102 hpf), the atrial AP is driven by Ca2+ while the ventricular AP is
driven by Na+ . (C) In the adult, the AP upstroke in both chambers is driven
by Na+ .

enables studies on mechanisms of mechano-electrical feedback in
vivo (Werdich et al., 2012).
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